Introduction
It is well known that cells adhere to their extracellular matrix at focal adhesions, generating traction forces. Focal adhesions are therefore the primary sites at which forces are transmitted from/to the extracellular matrix. Cellular traction forces are believed to play an important role in the interactions between cells and their Abstract Cellular traction forces were measured by using a microfabricated substrate, particularly exploring how cytoskeletal structures such as actin filaments and microtubules contribute to traction forces. Smooth muscle cells isolated from bovine aortas were cultured and transfected with fluorescence proteins to visualize cell microstructures and then plated on a micropatterned elastomer substrate with arrays of micropillars. Cell spreading on the substrates produced deflection of micropillars which was used for estimation of cellular traction forces, and was closely associated with organization of stress fibers of actin filaments. Traction forces varied considerably among cells, showing the order of several 10 nN. After disruption of microtubules with nocodazole, traction forces significantly increased and there was no detectable change in formation of stress fibers. To inhibit the ROCK pathway, a signaling pathway of myosin light chain phosphorylation, possibly being induced by disruption of microtubules, significantly depressed the increase in traction forces after the disruption of microtubules. This result indicates that microtubules disassembly may regulate the actomyosin-based contractile system mainly through the ROCK pathway. The present study suggests that formation of stress fibers are mainly involved in cellular traction forces and a contribution of microtubules should include not only a force balance but also rather a modulator of the actomyosin contractile system in actin stress fibers.
substrates, possibly involving many cellular functions such as migration, proliferation and cell remodeling (1, 2) . So far, many studies have been performed to estimate cellular traction forces using microfabrication techniques. Balaban et al. (3) have utilized a combined method of micropatterning of elastomer substrates and fluorescence imaging of focal adhesions in live cells expressing GFP-tagged vinculin to explore the molecular mechanism underlying the regulation of cell adhesion. They showed that local forces have a correlation with orientation, fluorescence intensity and area of the focal adhesions. They also characterized the dynamics of the force-dependent modulation of the focal adhesions by blocking actomyosin contractility, indicating a relaxation of force. Tan et al. (4) have measured cellular traction forces for the first time by using microfabricated arrays of elastomeric, microneedle-like posts. They controlled the geometry of the posts and showed that cell morphology regulates the magnitude of traction force.
It is believed that cellular traction forces may be attributable to the actomyosin-based contractile system and physically coupling integrins to contractile actin filaments are thus important element to transmit traction forces to extracellular matrix. Ingber (5) has proposed cellular tensegrity model assuming the whole cell a prestressed tensegrity model. In the model, actin filaments and intermediate filaments contribute to tensional forces, and these forces are balanced by microtubules that resist compression and extracellular matrix adhesions. However, this model is still controversial. Although efforts have been made to estimate cellular traction forces with implications for mechanical role of cytoskeletal structures, little is still known of how cytoskeletal structures contribute to cellular traction forces. Previous reports have studied the effect of microtubule disruption on an increase in traction forces relating to mechanical role of actin filament structure (6, 7, 8) . One possible idea to explain this increase may be that tensional forces generated by actin filaments are balanced by microtubules that resist compression. An alternative explanation is that disruption of microtubules may be attributable mainly to activation of the contractile machinery. However, whether the microtubule contributions involved are given mechanically or biochemically, and if biochemically what is the pathway are not fully understood.
In this study, we estimate cellular traction forces of smooth muscle cells by using a microfabricated substrate with arrays of micropillars to further address fundamental aspects of how cytoskeletal structures contribute to smooth muscle cell mechanics. In particular, focusing on implication in activation of actomyosin contractility, inhibition of signaling pathways of myosin light chain phosphorylation is for the first time combined with cellular traction force experiments to explore biochemical contribution of microtubules disassembly to contraction of stress fibers.
Materials and Methods

Cell culture
Smooth muscle cells from bovine thoracic aortas were purchased (Cell Applications, Inc., CA, USA). The cells were seeded in tissue culture flasks with Dulbecco's modified Eagle medium (DMEM, Gibco, MD, USA) supplemented with 10% heat-inactivated fetal bovine serum (JRH Biosciences, KS, USA), penicillin and streptomycin (Gibco). Cells were grown in a 37˚C humidified atmosphere of 95% air and 5% CO 2 gas. Cells were confluent after 4-5 days and then passaged at a 1:4 split ratio in the flasks using trypsin-EDTA. Cultured cells from the 4th to 9th generation were studied. This culture procedure can lead to the modulation of smooth muscle cells from a contractile to a synthetic phenotype characteristic.
Gene transfection and fluorescence observation
Prior to experiments, a plasmid vector encoding GFP (green fluorescent protein) fused to the amino terminus of actin and fused to the alpha-tubulin (BD Biosiciences Clontech, CA, USA) and a plasmid encoding pdsFP593 fused to the amino terminus of FAT domain were used in this study. We call pdsFP593-FAT (focal adhesion targeting) domain, RFP (red fluorescent protein)-FAT domain. FAT domain is the 199 amino acid sequence from 854 to 1053 at the C terminus of FAK (Hildebrand et al. (9) ). To observe actin structure and focal adhesions simultaneously, the plasmid vector encoding GFP-actin and RFP-FAT domain were co-transfected into cells planted on a 35-mm glass-base dish (Asahi Techno Glass, Chiba, Japan) by liposomal method. To observe microtubule structure, the plasmid vector encoding GFP-tubulin was transfected. Briefly, 1.0 µg of GFP-actin/2.0 µg of RFP-FAT domain or 1.0 µg of GFP-tubulin and 10 µl of PLUS reagent (Invitrogen, CA, USA) were incubated in 100 µl of OPTI-MEM (Invitrogen) for 15 min and then diluted with a solution of 7 µl of Lipofectamine (Invitrogen) and 100 µl OPTI-MEM, followed by incubation for 15 min at room temperature. This solution was diluted again with 0.8 ml of OPTI-MEM and added to cells at 40 -50% confluence. After 4 -5 h incubation at 37˚C, the solution was replaced by 2 ml of DMEM and cells were then grown at 37˚C for 24 -48 h. In certain studies, cells were incubated with rhodamine-conjugated phalloidin (Molecular Probe, OR, USA) for actin filaments. Fluorescence images of cells were observed with an objective lens (PlanApo 60x TIRFM，Olympus, Tokyo, Japan) and captured with a digital CCD camera (C4742-95ER, Hamamatsu Photonics, Hamamatsu, Japan), under an inverted confocal laser scanning microscope (IX70, Olympus, Tokyo, Japan).
Fabrication of substrates with arrays of micropillars
Micropatterned substrates were created by the injection of polydimethylsiloxane (PDMS, Silpot 184W/C, Dow Corning Toray, Tokyo) into a silicon mold as described previously (4) . Fabrication process of arrays of mocropillars is shown in Fig. 1A . Firstly, a silicon wafer was spin-coated with a photoresist (a), and an i-line stepper was used to expose the wafer to ultraviolet light through a mask with pre-printed pattern followed by the development (b). The wafer was then etched using a reactive ion etching process (c). After removing the photoresist (d), the PDMS was poured over the etched substrates (e), degassed under vacuum, cured at 110ºC for 1 h, and peeled off the substrates (f). A scanning electron microscope image of arrays of micropillars (ca. 3 µm in diameter, ca. 10 µm in height, and ca. 8 µm spacing) is shown in Fig. 1B . For experiments, the PDMS substrates were sterilized with UV light for 24 h and immersed in a 0.05 % gelatin solution to allow cells to attach to the top of micropillars. Cells were then incubated on the micropatterned substrates in the same culture medium for 24 h until experiments. It should be noted that since not only the top of the micropillars but also the side walls were coated with the gelatin, some cells went deep between the micropillars and attached to the side walls. Therefore, these cells were excluded from the analysis.
Determination of cellular traction forces
Traction force measurements were performed at room temperature. Cell spreading produced deflection of micropillars, showing subcellular distribution of tractions forces. Brightfield images of micropillars were captured before and after removing cells with a treatment of trypsin-EDTA. This treatment allows micropillars to return to the original position. Deflection of micropillars was thus measured by comparing these two brightfield images with an image analysis technique using the public domain NIH Image software version 1.62 (National Institute of Health, MD, USA). Traction forces F were then determined using the simple equation, F = kx, where k and x are the spring constant and the deflection of the micropillars, respectively. The spring constant was determined using a cross-calibration technique prior to experiments with a hydraulic micromanipulator (MMO-203, Narishige, Tokyo, Japan), ranging from 0.01 to 0.02 N/m. The force resolutions was 2.15 nN.
Disruption of microtubules
In order to know how microtubules contribute to traction forces, microtubules were disrupted with a treatment of 10 µg/ml nocodazole over 5 min. Changes in cytoskeletal structures and traction forces were studied before and after the disruption of microtubules.
Inhibition of signaling pathways of myosin light chain phosphorylation
Firstly, cells were treated with Phospho-Myosin-Light-Chain 2 (Thr 18/Ser 19) antibody (Cell Signaling Technology, MA, USA) to see if phosphorylation of myosin light chain could be induced after the disruption of microtubules. Then, blocking experiments of signaling pathways of myosin light chain phosphorylation were performed. For inhibition of Rho/Rho kinase (ROCK pathway), cells were treated with 20 µM Y27632 for 15 min prior to microtubules disruption.
Statistical analysis
Statistical comparisons were made using paired t-test. A value of p < 0.05 was considered significant in all analyses. Statistical data were shown as mean ± SD.
Results
Prior to traction force experiments, smooth muscle cells were transfected with GFP-actin and RFP-FAT domain, and then plated on the micropatterned substrates.
Typical fluorescence images of GFP-actin together with RFP-FAT domain in a cell and the superimposed images are shown in Figs. 2A, 2B and 2C, respectively. The cells spreaded on the substrates and showed clearly organized actin filament networks ( Fig. 2A) . Asymmetric distribution of FAT domain formed around micropillars (Fig. 2B) , as pointed out by Chen et al. (10) . Stress fibers were anchored at the top of micropillars showing a close correlation with localization of FAT fomain (Fig. 2C) . Estimated traction forces in the cell were correspondingly shown in Fig. 2D , showing that cell spreading on the substrates produced deflection of micropillars. Figure 2E shows a histogram of traction forces with 11.8 nN ± 12.9 nN (n =11). Figure 3 shows a typical example of fluorescence images of GFP-tubulin, GFP-actin, and traction forces before and after the treatment with nocodazole. Filamentous structures of microtubules apparently started to disappear at 5 min after the treatment, preserving cell global shape, as typically shown in Figs. 3A and 3D (arrows). Even after the disruption of microtubules, actin filament structure seemed well maintained with no detectable change in the formation (Figs. 3B and  3E ). Corresponding force vectors showed an increase in traction forces after the disruption of microtubules (Figs. 3C and 3F ). Particularly, traction forces at the cell peripheries are likely to increase compared to the cell center. It has been confirmed that non-treated cells did not show any significant change in traction forces after 1 h. Please note that cells used for GFP-tubulin observation and GFP-actin observation were different due to technical reasons. Changes in traction forces before and after the treatment are summarized in Table 1 (n=5). The number of observed micropillars is also shown in the figure. After the disruption of microtubules, traction forces significantly increased for all the cells without change in the direction of traction forces, as typically shown in Figs. 3C and 3F. This tendency for traction forces and stress fiber formation did not change even after 1 h. Figure 4 shows typical fluorescence images of rhodamine-phalloidin stained actin filament structure and phosphorylation of myosin light chain, which was observed for different cells before and after the disruption of microtubules. Even after the disruption of microtubules, stress fibers were still developed. Moreover, it was found that the disruption of microtubules could lead to phosphorylation of myosin light chain. Blocking experiments of signaling pathways of myosin light chain phosphorylation were then performed and showed that exposure to Y27632 significantly decreased traction forces within 15 min compared to control and the following treatment with nocodazole exhibited only 40% recovery from the prior decreased forces (Fig. 5 , n = 5).
Discussion
Adherent cells exert traction forces to adhere to their extracellular matrix at focal adhesions and traction forces are closely related to cell physiological functions. It is thus important to know where traction forces come from and how intraellular structures such as cytoskeletons are involved in the force generation system, from the viewpoint of cell biomechanics.
As shown in Fig. 2 , there was a spatial heterogeneity in traction forces. Traction forces were obviously generated towards the center of the cell, particularly indicating higher forces at the cell peripheries than at the center of the cells. Thick stress fibers seemed to be developed towards micropillars showing large deflection although the direct linkage between stress fibers and micropillars can not be observed due to probably accumulation of actin fibers around micropillars. Moreover, a close correlation of topological configuration of actin stress fibers with localozation of FAT domain was observed. These results definitely indicate that traction forces may come from intracellular tension exerted by stress fibers. The average traction forces of the cell was of the order of 10 nN. This value was consistent with that reported by Balaban et al. (3) , although they used fibloblast cells and area in contact between cells and substrates is different from our study. Deguchi et al. (11) have performed tensile experiments on isolated stress fibers from smooth muscle cells and estimated that in vivo tension exerted on stress fibers may be of the order of 10 nN, strongly proving that stress fibers may play a major role in generation of cellular traction forces.
Tan et al. (4) have disrupted actin cytoskeleton with cytochalasin D and found that the treatment decreased traction forces, apparently indicating the mechanical contribution of actin cytoskeleton to traction forces. It should be pointed out that traction forces would be attributable to not only actin filament formation but also actin contractility. In fact, as shown in Figs. 3 and Table 1 , the treatment of nocodazole disrupted microtubule structure without significant change in actin structure and incresed traction forces. Taken together, it is speculated that the increase in traction forces after the disruption of microtubules is mainly not due to change in structure of stress fibers but possibly due to an increase of contraction forces generated by stress fibers. In other words, this increase may come from activation of actomyosin contractility in stress fibers. Kolodney and Elson (7) have measured contractile forces of a population of fibroblasts populated in a collagen lattice after treatment with nocodazole and showed an increase in contractile forces. They concluded that this increase may be attributable to myosin phosphorylation leading to actomyosin force generation. In contrast, Wang et al. (12) have suggested that the shape of the cytoskeleton is stabilized predominantly by the tensile stress, which is called prestress. This tensile stress born by the actomyosin mechanism may increase cellular traction forces after disruption of microtubules that resist compression. Furthermore, they showed that microtubules contributed to > 50% of the prestress in certain cells, with the rest being balanced by the traction forces. Thus, it has still been unclear whether the increase in traction forces after disruption of microtubules may mainly not due to structural changes caused by the loss of microtubules networks but possibly due to an activation of actomyosin interactions.
It is here hypothesized that disruption of microtubules may induce phosphorylation of myosin light chain, resulting in an increaes in traction forces through activation of actomyosin contractility in stress fibers. To address this issue, we assessed whether phosphorylation of myosin light chain in stress fibers could be induced after disruption of microtubules. The result showed that myosin light chain phosphorylation was observed after the disruption of microtubles (Fig. 4) . By blocking the signaling pathway, traction forces significantly decreased indicating that MLC phosphorylation could be inhibited (Fig. 5) . Following treatment with nocodazole showed only 40% recovery. These results suggest that microtubules disassembly may lead to activation of actomyosin contractility in stress fibers mainly through ROCK pathway. It is also suggested that the 40% recovery is mainly due to an apparent increase in traction forces induced by the loss of microtubules networks as compression elements. If microtubules contribute to > 50% of the prestress as suggested by Wang et al. (12) , traction forces can increase by more than 100% after disruption of microtubules. However, neither in Table 1 nor in Fig. 5 , the increases were not quite as high as that. This discrepancy should be carefully studied in future work. Cytoskeletal networks are an integrated system of three cytoskeletons such as actin filaments, microtubules, and intermediate filaments. These three cytoskeletons are believed to be mechanically balanced in cells, for example as suggested by Ingber (5) , and should simultaneously be biochemically interrelated each other. In this regards, further study would include mechanical and biochemical contributions of intermediate filaments with implication of the other two cytoskeletons.
One of the limitations of this study is the lack of temperature control during the traction force measurements. We believe that since the measurements were performed within faster than 1 h, the effect of the change in temperature on the measurements was assumed to be negligible small. In fact, traction forces did not show a change even after 1 h under the present experimental condition. However, especially for long-term experiments such as over 1 h, experimental conditions closer to physiological conditions would be required, for instance, by introducing a microscope stage incubator to control environmental temperature.
In summary, traction forces in smooth muscle cells were here estimated by using microfabricated substrates with arrays of micropillars, particularly exploring how actin stress fibers and microtubules contribute to traction forces. The results suggest that formation and contractility of actin stress fibers are mainly involved in cellular traction forces and a contribution of microtubules is not only as a structural element involved in intracellular force balance but also rather as a modulator of the actomyosin contractile system. Such an approach utilizing the microfabricated matrix device would provide further insights to cell mechanics.
